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We fabricated a microfluidic device consisting of ciliated micropillars, forming a porous silicon nanowire-on-micropillar structure.

We

demonstrated

that

the

prototype

device

can

preferentially trap exosome-like lipid vesicles, while simultaneously filtering out proteins and cell debris. Trapped lipid
vesicles can be recovered intact by dissolving the porous
nanowires in PBS buffer.

Exosomes are lipid membrane vesicles, 40–100 nm in diameter,
that are shed from the majority of viable cells into the extracellular
space, and then excreted in a range of bodily fluids, including
blood, urine, and saliva, as well as synovial and amniotic fluid.1–6
Exosomes contain a variety of high-purity molecular constituents
from their cell of origin, such as lipids, cell specific proteins, and
RNA (mRNA and miRNA), thus constituting an informative
resource for studying important molecular events in disease
progression.7 The analysis of the contents of exosomes may
therefore represent a potentially powerful diagnostic tool for the
early detection of various malignancies, as demonstrated previously for diabetes as well as lung, prostate, and colorectal
cancer.8,9 Isolating high purity exosomes to avoid contamination,
such as from serum proteins, would help to acquire more accurate
biological information on the cells/tissues they originated from.
For molecular analysis, it is not necessary to recover intact isolated
exosomes, as, instead, one can lyse the isolated exosomes and
analyze their molecular constituents. However, intact exosomes
are required for specific applications such as delivery carriers of
biologically active substances. Moreover, the recovery of intact
exosomes will allow us to distinguish the cellular origins of
exosomes, and evaluate the morphological features of these
vesicles. Intact exosomes can be used to specifically target
recipient cells to deliver proteins, lipids and nucleic acid cargo,
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to participate in intercellular communication, and to trigger
signalling events.10,11 Exosomes can also be facilitators of the
immune response for antigen presentation,12 act as immune
suppressors in cancer,13 and become morphogen transporters in
cell development and differentiation.14 Exosomes have also been
utilized as drug carriers, able to efficiently cross the blood–brainbarrier to knock down a therapeutic target in an Alzheimer’s
mouse model,15 and as a stem cell alternative in stem cell-based
therapies for cardiovascular diseases.16–18
For both diagnostic and therapeutic applications, an efficient
separation technique is required to isolate exosomes from raw
biological fluids that also contain high quantities of proteins,
protein aggregates, and cell debris with similar physical characteristics. The conventional differential centrifugation procedure,19 which involves a series of centrifugation, filtration, and
ultracentrifugation steps, suffers from inconsistent exosome
recovery rates (5–23%) and contamination from co-sedimentation
of protein aggregates.20 Several immunoisolation assays based on
either magnetic beads or microfluidic devices have also been
demonstrated using antibody-based affinity capture for rapid
exosome isolation.7,21 These methods would require specific
exosomal surface proteins or antibodies to be available for
discrimination between the exosomes of interest and other species
in the fluids.7,22,23
In this paper, we present a microfluidic device consisting of
ciliated micropillars capable of simultaneous multi-scale filtration.
The cilia consist of porous silicon nanowires that are electrolessly
etched on the micropillar sidewalls using electrodeposited silver
nanoparticle catalysts. Using liposomes of known size as model
vesicles, we have demonstrated that the ciliated micropillars
preferentially trap exosome-like lipid vesicles while allowing
smaller proteins and larger nanoparticles with the size of cellular
debris to pass by unhindered. Moreover, the captured lipid vesicles
can be released by dissolving the porous silicon nanowires in PBS
buffer, thus allowing for their intact and highly purified recovery.
Ciliated nanowire-on-micropillar structure
We fabricated our novel multidimensional hierarchical structure
with a combination of silicon microfabrication processes, electro-
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Fig. 1 A schematic of the ciliated micropillar array for exosome isolation. The
cells are depleted before entering the micropillar region, while cellular debris as
well as proteins and other small objects flow through, bypassing the
micropillars. Exosomes are highly enriched by trapping within the nanowires.
Insert (a): representative porous silicon nanowire forest. Insert (b): micropillars.
Insert (c): representative ciliated micropillars.

plating, and electroless metal-assisted nanowire etching techniques. We then assembled the ciliated micropillar microfluidic
prototype with a poly(dimethylsilozane) (PDMS) cap for the rapid
and efficient isolation of exosome-like nanoscale vesicles. As
illustrated in Fig. 1, porous silicon nanowires were etched into the
sidewalls of the micropillars by metal assisted etching.24 The internanowire spacing in the nanowire forest can be tuned within a
range of 30–200 nm (Fig. 1 inset a), thus creating a high density of
interstitial sites capable of physically trapping exosome-like
nanoparticles. In addition to providing walls for anchoring the
nanowires, the micropillars (Fig. 1 inset b) also filter larger sample
components, including cells, and function as the structural
supports for the microfludic channel. This nanowire-on-micropillar hierarchical structure (Fig. 1 inset c) therefore interacts with
biological fluid samples at multiple length scales (Fig. 1): (1) cells
are depleted from the micropillar array owing to the sub-micron
inter-pillar spacing; (2) submicron cellular debris can enter the
micropillar area but is excluded by the nanowire forest (30–200 nm
inter-nanowire spacing); (3) proteins and other molecules pass
through the spacing in the nanowire forest without being
captured; (4) objects with sizes in the range of exosomes are
trapped in the interstitial sites within the nanowire forest; and (5)
the 6–10 nm pores of the porous silicon nanowires can be preloaded with multiple components, such as antibodies or
biomolecules, to further enhance selectivity and functionality.
The porous silicon nanowires can then be dissolved in PBS buffer
to recover the intact and purified trapped nanoparticles.
Fabrication of the ciliated micropillars
Arrays of 2.6 mm circles were patterned on a silicon wafer by
photolithography, followed by a deep silicon etch (DSE) using an
Inductively Coupled Plasma (ICP) Reactive Ion Etcher (RIE,
Plasmatherm Versaline), to form arrays of 22 mm tall micropillars.
Silver nanoparticles were deposited onto the micropillar side-walls
using a pulse reverse plating method in a AgNO3 solution and
then etched into the complete circumference of the micropillar
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Fig. 2 SEM images of the ciliated micropillar fabrication stages. (a) Uniform
silver deposition is achieved using the pulse reverse plating method. (b) A closeup view of (a). (c) Porous silicon nanowires are formed on the sidewalls of the
micropillars using an electroless etch. (d) A close-up view of (c). When using
electroless silver deposition, most of the deposition occurs near the bottoms of
the micropillars for high resistivity wafers (e) and near the tips for low resistivity
wafers (f). All scale bars are 2 mm.

side-walls by metal assisted chemical etching (previously described
in ref. 24) to a depth of 400 nm. The top surface of the micropillars
were protected by a silicon nitride layer for subsequent PDMS
capping. This nanowire-on-micropillar structure was capped with
PDMS to create the final filter prototype.
The distribution of the nanowires, and thus the interstitial
spacing that leads to enhanced exosome trapping efficiency, is
controlled by the silver nanopatterning process. Standard electroless silver deposition is governed by the kinetics of the
electrochemical reaction and reactant diffusivity, as well as the
properties of the reactants and silicon substrates onto which the
silver is deposited. In the case of tall micropillars with surface
irregularities, this diffusion and substrate surface property
dependence can result in a non-uniform silver accumulation
along the vertical direction of the micropillars,25 as shown in
Fig. 2e and f. To achieve a uniform silver nanoparticle deposition
on the micropillar surface, a pulse reverse plating method was
adapted (see Reverse pulse silver deposition on the sidewalls of
micropillars; Fig. S1, ESI3).26 Depending on the feature size of the
micropillar structure, the pulse cycles were tuned accordingly to
optimize the silver pattern (Fig. 2a and b). Uniform nanowire
arrays were then subsequently etched onto the micropillar surface
from the optimized silver pattern as shown in Fig. 2c and d.
Design of the ciliated micropillar based microfluidic prototype
Our proof-of-concept microfluidic-based prototype consists of a 4
mm long concentric radial-flow fluidic channel (total area is 235
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Fig. 3 The ciliated micropillar microfluidic filtering of liposomes. (a) Schematic of
the microfluidic prototype device. (b) Percentage of retained nanoparticles and
proteins versus the injected volume for FITC-BSA, 83 nm liposomes, 120 nm
liposomes and 500 nm polystyrene beads. (c) SEM image of QDs trapped on
ciliated micropillars, as indicated by the arrows. (d) SEM image of the remaining
micropillars after soaking in PBS buffer to remove the nanowires. (e) The relative
recovery yields from three different methods: soaking in PBS, washing with
TX100 solution, and flushing with water. All scale bars are 2 mm.

mm2), containing hexagonally packed ciliated micropillars, 2.6 mm
in diameter, 22 mm tall, and spaced at 900 nm apart, that is
capped with PDMS and capable of capturing y100 mg of lipid
nanoparticles (Fig. 3a). 400 nm long porous silicon nanowires coat
the sidewalls of the micropillars. The channel design was
developed based on the Comsol simulation results, indicating
that a radial-flow fluidic channel would minimize the transchannel pressure drop as compared to a straight fluidic channel
(see Flow resistance in microfluidic channels with micropillars;
Fig. S2, ESI3). Furthermore, several key parameters of the ciliated
micropillars were optimized for efficient exosome isolation: the
height and density of the micropillars, as well as the morphology
of the nanowires. Higher micropillar densities and longer
nanowires provide more binding sites for exosomes, but will lead
to higher hydrodynamic resistance within the microfluidic
network and may increase the risk of clogging. The 900 nm
spacing between micropillars was selected to deplete the micron
size cells in biological fluids. A circular inlet and outlet were also
connected to the micropillar area for sample introduction and
extraction. The fabrication process flow and processing details of
the prototype devices can be found in the supporting information
(see Fabrication of ciliated micropillar microfluidic devices; Fig.
S3, ESI3).
Prototype validation
Sample solutions containing fluorescently labeled 83 nm liposomes, 120 nm liposomes, 500 nm polystyrene nanoparticles, and
7 nm fluorescein isothiocyanate labelled bovine serum albumin
(FITC-BSA)27 were used to verify the functionality of our
microfluidic-based prototype (see ESI,3 Fig. S3, for the experimental setup). A high precision syringe pump (PHD Ultra Syringe
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Pump, Harvard Apparatus) was connected to the inlet through the
PDMS cap using 1 mm O.D. tubing and used to inject the
samples. The samples were then extracted at the outlet, also
through 1 mm O.D. tubing. The fluorescent intensities of the
injected and collected samples were analyzed using a plate reader
(Synergy H4 Hybrid) to determine the concentrations of liposomes, nanoparticles, and protein in each. The difference in
concentration between the injected and collected samples was
then used to calculate the quantity of liposomes, nanoparticles,
and protein that were retained by the microfluidic-based ciliated
micropillar prototype. The quantity of the retained liposomes,
nanoparticles, and FITC-BSA as a percentage of the injected
amount is plotted versus the injected sample volume in Fig. 3b.
The 500 nm polystyrene nanoparticles that simulate possible
cellular debris show very little retention, while FITC-BSA that
represents an abundant protein constituent in vivo shows almost
no retention. As expected, the microfluidic-based ciliated micropillar prototype demonstrates its highest retention for the 83 nm
liposomes at nearly 60% for an initial amount of up to 30 mL of
sample injected. The 120 nm liposomes show a similar trend to
the 83 nm liposomes, but the overall retention is decreased by
about 15%. We also compared the retention of the 120 nm
liposomes in both water and PBS, and found no significant
difference between water and the PBS conditions. From these
data, we can conclude that our device provides larger amounts of
binding sites and niches for exosome-sized vesicles, leading to a
substantially enhanced quantity of retention as compared to both
larger (500 nm nanoparticles) and smaller (proteins) sized
analytes.
Dissolving the nanowires to release the captured liposomes
The particle retention by the nanowires was also directly visualized
using quantum dots (QD, Qtracker 655, Invitrogen). The QDs used
here are y40 nm in diameter and carry no net surface charge in
PBS buffer. After the QD solution was injected into the prototype
and flushed, the QDs trapped by the nanowires were observed
using SEM (Fig. 3c). In contrast, the ciliated micropillars soaked in
PBS overnight were unable to retain QDs as a result of the
chemical etching of the nanowire surface coating by the PBS
buffer, leaving only the thinned micropillars behind (see Fig. 3d).
We hypothesized that this degradation of the porous silicon
nanowire coating could be used to recover the trapped 83 nm
liposomes. To test this, liposome solutions were injected into the
microfluidic-based prototype for a total volume of 100 mL, after
which the fluidic channel was flushed with 1 mL of water.
Liposome recovery from the microfluidic-based ciliated micropillar prototypes was then measured under three conditions:
immediate flushing of the channel with water, immediate flushing
of the channel with 5% Triton X-100 (TX100) solution, and
flushing of the channel after overnight soaking in PBS buffer.
Immediate water flow led to very little recovery of the absorbed
liposomes (Fig. 3e). Both PBS soaking and TX100 showed higher
liposome recovery than water alone, with PBS soaking leading to 2
times more recovery than TX100. Porous silicon nanowires have
previously been shown to degrade in the presence of PBS buffer,24
and the by-product of the porous silicon degradation is low
concentration silicic acid. The degradation of nanowire cilia
loosens the trapping sites and allows for greater release of the
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trapped liposomes, while leaving the vesicles intact, as opposed to
TX100 that releases the trapped liposomes through vesicle rupture.
Thus, dissolving the nanowires in PBS is an effective and nondestructive method for recovering any captured exosomes. The
unmodified nanowires in PBS solution start to change in 4–6 h,
and will degrade significantly in 24 h.24 Our isolation experiment
is typically done in 10 min, in which period the change of
nanowire cilia is negligible. Hence, the ciliated structure is stable
enough in the time scale of the isolation experiment.

Conclusions
We have developed a fabrication protocol for novel ciliated
micropillars, which are micropillars with porous silicon nanowires
on the sidewalls, by integration of microfabrication, electroplating,
and metal-assisted electroless nanowire etching. We fabricated a
microfluidic prototype based on this hierarchical ciliated structure
capable of the simultaneous multi-scale filtration of bio-fluids. We
have demonstrated that the prototype can preferentially trap
specifically sized liposomes within the high density of interstitial
sites between the nanowires, while simultaneously filtering
smaller proteins and larger particles with dimensions on the
order of cellular debris. The trapped liposomes can then be
released by dissolving the porous silicon nanowires in PBS buffer,
allowing for the high purity recovery of intact liposomes. Further
functionality should also be possible given the already established
techniques for surface functionalizing porous silicon. Thus, this
tunable hierarchical filtering technique offers the ability to rapidly,
efficiently, and selectively enrich specific nanoscale components
from complex biological samples, while maintaining their
structural integrity, offering potential benefits to a range of both
diagnostic and therapeutic applications.
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